Arabidopsis thaliana, where it is encoded by two genes, PrR1 and PrR2, that appear to act redundantly. PrR1 is highly expressed in lignified inflorescence stem tissue, whereas PrR2 expression is barely detectable in stems. Co-expression analysis has indicated that PrR1 is co-expressed with many characterized genes involved in secondary cell wall biosynthesis, whereas PrR2 expression clusters with a different set of genes. The promoter of the PrR1 gene is regulated by the secondary cell wall related transcription factors SND1 and MYB46. The loss-of-function mutant of PrR1 shows, in addition to elevated levels of pinoresinol, significantly decreased lignin content and a slightly altered lignin structure with lower abundance of cinnamyl alcohol end groups. Stimulated Raman scattering (SRS) microscopy analysis indicated that the lignin content of the prr1-1 loss-of-function mutant is similar to that of wild-type plants in xylem cells, which exhibit a normal phenotype, but is reduced in the fiber cells. Together, these data suggest an association of the lignan biosynthetic enzyme encoded by PrR1 with secondary cell wall biosynthesis in fiber cells.
Introduction
Lignans are dimers derived from the stereospecific oxidative coupling of hydroxycinnamyl alcohols. The initial step of lignan dimerization is mediated by an oxidase (e.g. laccase) acting in concert with a dirigent protein that confers enantio-selectivity to the free radical-derived coupling (Davin et al., 1997) . Approximately 3000 different lignans are widely distributed in the plant kingdom . The numerous beneficial effects of lignans on human health, via estrogenic and anticancer activities, are well documented (Dixon, 2004; McCann et al., 2005) . However, the exact roles of lignans in planta remain elusive although it has been hypothesized that they are involved in plant defense (Naoumkina et al., 2010) .
The most characterized lignans are the group with 9(9 0 )-oxygen linkages (Umezawa, 2003) . This class of lignans arises from the enantio-selective dimerization of two coniferyl alcohol units (1) to give rise to pinoresinol (2). Pinoresinol is then sequentially reduced to lariciresinol (3) and secoisolariciresinol (4) by a bi-functional pinoresinol/lariciresinol reductase (PLR) (Nakatsubo et al., 2008; Umezawa, 2003) . Because of its stereo-selectivity, PLR is suggested to have enantiomeric control on the lignan biosynthetic pathway even though the dirigent protein is considered to be the asymmetric inducer (von Heimendahl et al., 2005) . Conventional PLRs can utilize both pinoresinol and lariciresinol as substrates (i.e. are bifunctional) (Hano et al., 2006; von Heimendahl et al., 2005) . However, in Arabidopsis thaliana, the two pinoresinol reductase enzymes show only weak or no activity toward lariciresinol, and are therefore named PrR1 and PrR2 rather than PLR (Nakatsubo et al., 2008 PLR genes have organ-specific expression patterns. In flax (Linum usitatissimum), genes encoding two PLRs with different enantiospecificity have been cloned. Both LuPLR1 and LuPLR2 are expressed in flax seed tissues, whereas only LuPLR2 is expressed in stem and leaf tissues . In Arabidopsis, both PrR1 and PrR2 catalyze pinoresinol reduction in a redundant manner in root tissue, where lignans are mostly accumulated, but only PrR1 is active in stem tissue (Nakatsubo et al., 2008) .
The basic unit of pinoresinol, coniferyl alcohol, is also shared by the lignin biosynthesis pathway. Lignin is the second most abundant biopolymer on earth, and a major component of plant secondary cell walls. It is derived from three major subunit precursors; so-called H (p-coumaryl alcohol), G (coniferyl alcohol) and S (syringyl alcohol) monolignols (Bonawitz and Chapple, 2010; Zhao and Dixon, 2011) . Even though coniferyl alcohol is the common unit of both lignin and lignans, there is no evidence that lignans per se are components of the plant wall structure. It is also not clear how plants allocate coniferyl alcohol for the biosynthesis of lignans versus lignin.
Recently, it has been shown in both flax and pine that the lignanrelated gene PLR is up-regulated along with cell wall biosynthetic genes in highly lignifying stem tissues or during compression wood formation (Huis et al., 2012; Villalobos et al., 2012) . Furthermore, a comparison of co-expressed gene networks with primary and secondary wall cellulose synthases in a variety of different plant species identified gene families that are consistently co-regulated with cellulose biosynthesis; among these genes was PrR1 (Ruprecht et al., 2011) . Because Arabidopsis PrR1 is only expressed highly in mature stem tissue, we have further investigated the potential role of this gene in cell wall biosynthesis. Our results confirm that PrR1 is co-expressed with secondary cell wall biosynthetic genes, indicate directly that PrR1 is regulated by regulators of secondary cell wall formation, and show that loss of function of PrR1 results not only in changes in lignin levels, but also in alterations in lignin structure and tissue-specific lignin distribution.
Results

Differential expression of PrR1 and PrR2 in Arabidopsis
The different gene expression patterns of PrR1 and PrR2 were confirmed by analysis of microarray expression data from the Arabidopsis eFP Browser; PrR1 transcripts are expressed in most tissues, with highest level in the lignified second internodes (Fig. S1 ), whereas PrR2 transcript levels are high in root tissues, where most lignan accumulates, with almost no transcripts detectable in the 2nd internode (Fig. S2) .
To investigate genes which are co-expressed with PrR1 and PrR2, we examined the recently built cell wall co-expression database (http://csbl.bmb.uga.edu/publications/materials/shanwang/ CWRPdb/index.html; Wang et al., 2012) . A bi-clustering analysis of Arabidopsis microarray data with a focus on cell wall-related genes was applied to build co-expressed gene modules. In each module graph, the node is shown as a yellow diamond (known/ annotated cell wall-related genes), an aquamarine square (known/annotated transcription factor genes) or a red circle (other genes); an edge connecting two nodes means that these two genes are co-expressed (Fig. 1) . Similar co-expression graphs are also available in the ATTED-II database (http://atted.jp/data/locus/ At4g13660.shtml), which uses different methods for clustering microarray data and calling co-expression modules.
Based on this analysis, PrR1 is co-expressed with many characterized cell wall-related genes represented by yellow diamonds and aquamarine squares (Fig. 1) . For instance, LAC17 is a laccase that has been directly implicated in lignin biosynthesis (Berthet et al., 2011) ; cellulose synthase-like A9 (CSLA9) is a beta-mannan synthase involved in hemicellulose biosynthesis (Davis et al., 2010) ; cellulose synthase A7(CesA7) is involved in cellulose synthesis and MYB46 is a transcriptional master switch of secondary cell wall formation (Zhong et al., 2007) . These data confirm the co-expression of PrR1 with CesA genes as previously reported (Ruprecht et al., 2011) . In contrast, PrR2 clusters with a totally different set of genes, including a laccase that has not been implicated in lignin polymerization, one peroxidase that has been implicated in lignin biosynthesis ( Fig. 1 ; Table S1 ) and a protein associated with casparian strip formation, a process which involves peroxidase-mediated lignification in specific cell types in the root (Lee et al., 2013) .
PrR1 is regulated by the secondary cell wall transcription factors SND1 and MYB46
To investigate whether PrR1 is under the control of secondary wall transcription factors, we used an Arabidopsis leaf protoplast-based promoter trans-activation system. Protoplasts were transfected with a construct in which firefly luciferase (reporter) is driven by the promoter consisting of a 1 kb DNA fragment upstream of the start codon of PrR1. SND1 and MYB46 were chosen as potential trans-activators for this assay since both are known to be master switches of the entire secondary cell wall biosynthetic program (Zhong et al., 2006 (Zhong et al., , 2007 . Co-expression of cauliflower mosaic virus (CaMV) 35S promoter driven SND1 or MYB46 activated the expression of the firefly luciferase reporter gene driven by the PrR1 promoter by around 30-fold (Fig. 2) .
Loss of function of PrR1 affects both lignan and lignin biosynthesis
The prr1-1 knock-out mutant SALK_058467 was obtained from the ABRC at Ohio State University (http://abrc.osu.edu/) (Nakatsubo et al., 2008) . This line contains a T-DNA insertion within an exonic region of the PrR1 gene. Mature inflorescence tissue was harvested and subjected to metabolite profiling by gas chromatography-mass spectrometry (GC-MS). The results (Table 1) indicate that the concentration of the lignan, pinoresinol, was 4.8-fold higher in the loss-of-function prr1 mutant than in control plants. At the same time, the concentrations of sinapic acid and its conjugation storage product, sinapoyl-malate, were reduced to 80% and 50% of the control, respectively. The putative product of PrR1, lariciresinol, was not present at detectable levels in any of the plant lines. Although the vast majority of metabolites were not altered in prr1, a limited number of nitrogenous metabolites were reduced 17-29%, including ethanolamine, glutamine, and b-alanine, Whereas sinapic acid was modestly reduced in the loss-of-function mutant, it was increased (1.36-fold) in the PrR1 over-expression line, as was dehydroconiferyl alcohol, 4-O-glucopyranosyl-vanillic acid (1.26Â) and three coniferyl alcohol-derived unidentified lignans (eluting at 16.48, 16.53, and 17.17 min, $1.4Â). These data are consistent with a role for PrR1 in lignan biosynthesis in the Arabidopsis stem. The metabolite responses observed in the over-expression line suggest a more generalized function in the production of guaiacyl-derived lignans.
Next, lignin content and composition of the prr1 loss-of-function mutant were determined. Thioacidolysis analysis, which measures primarily b-O-4-linked monolignol units, revealed that the mutant had a small but significant reduction in thioacidolysis yield compared to the wild-type (Fig. 3) , with similar reductions in the proportions of both G and S monolignol units.
To further compare lignin composition in the prr1 loss-of-function mutant and wild type, lignin was extracted and subjected to nuclear magnetic resonance spectroscopy. Analysis of 13 C-1 H HSQC spectra revealed similar carbon-proton correlation signal patterns in both the aromatic and aliphatic regions of the lignin from the wild type and prr1 mutant, indicative of no significant changes in lignin core structures (Fig. 4) . The aromatic carbons in syringyl and guaiacyl units were readily observed with the presence of their diagnostic correlation signals around 103.8/6.67 (S 2/6 ), 110.5/6.94 (G 2 ), 114.8/6.88 (G 5 ), and 118.6/6.81 (G 6 ) ppm, respectively. Substructures A-E (Fig. 4) were evidently detected in the lignin from both wild type and prr1 mutant, with b-O-4, phenylcoumaran and resinol being the major inter-linkage subunits. The semiquantitative analysis of subunit contours in HSQC spectra showed that the lignin in the mutant appeared to have a slightly higher relative abundance of b-O-4 linked subunits (A in Fig. 4 ). More clearly, the signal intensities of dibenzodioxocin and cinnamyl alcohol end groups were notably decreased in the prr1 mutant.
Impact of loss of function of PrR1 on the cellular distribution of lignin
The above analyses of lignin determined the thioacidolysis yield and composition of the polymer in the bulk lignin, i.e. the sum of the lignin from all cell types. The SND1 transcription factor that regulates PrR1 primarily controls lignification in interfascicular fibers (Zhao et al., 2010a; Zhong et al., 2006) . We therefore reasoned that additional information on the impacts of loss of PrR1 function on lignification could be obtained by examination of tissue-specific changes in lignin composition. We have previously employed laser capture microdissection for this purpose in the model legume Medicago truncatula (Nakashima et al., 2008) . However, this approach is extremely time-consuming. We therefore decided to use two-color stimulated Raman scattering microscopy (SRS), which has been utilized for in situ quantification of lignin and polysaccharides at both the tissue-and cell-specific level (Ding et al., 2012) . Under the light microscope, the cell size and cell wall thickness of secondarily thickened cells in the second internode of the stem appear to be similar in wild type and mutant. The lignin contents of xylem fibers and vessel cells were imaged using SRS microscopy and the average lignin intensities were compared ( Fig. 5A and B) . Interestingly, the mutant exhibits a significant reduction in lignin content in the fibers, but not in the vessel cells, as seen when lignin distribution across the cell wall is presented as pixel intensity and normalized to the sum of all intensities (Fig. 5C ). In xylem vessels, the lignin distribution is similar in wild-type and mutant plants (Fig 5A) , whereas in xylem fibers, the lignin signal peak shifted to lower intensity and narrower intensity distribution across the cell wall in the mutant compared with wild type (Fig. 5B ). Analysis of SRS signals across larger cross-sectional areas of the first, second and third internodes of the inflorescence stems did not reveal an increase in collapsed xylem vessels, as previously reported for this mutant (Ruprecht et al., 2011) (Fig. S3) .
Total cell wall carbohydrate content was also compared between the mutant and wild type using two-color SRS microscopy. In both fibers and vessel cells, the mutant has a reduced level of carbohydrate, and the difference is more striking in fibers (Fig. 5D ).
Changes in gene expression as a result of altering PrR1 expression
The lignan dehydrodiconiferyl alcohol has been ascribed a role in the control of plant development, specifically as a regulator of cell division (Binns et al., 1987) . It is therefore possible that the observed impacts of modification of PrR1 expression on cell wall composition/structure could be secondary effects resulting from altered plant development rather than direct effects associated with lignin precursor synthesis. If PrR1 were involved in the biosynthesis of a lignan metabolite with a regulatory function, it is likely that loss of PrR1 function would have an impact on many genes controlled by that regulator. To determine whether loss of function of PrR1 causes major changes in gene expression, we performed microarray analysis. Compared with wild type, only very few genes are up-regulated or down-regulated by over twofold as a result of PrR1 disruption. Among those, only one gene (At3g44990, encoding a xyloglucan endo-transglycosylase), has a functionally identified role in cell wall biosynthesis (Table S2) , and none of the genes was strongly up-or down-regulated. We also examined the effects of over-expression of PrR1 by microarray analysis. A fourfold overexpression of PrR1 was associated with over twofold expression of 59 genes, none of which appeared to be directly associated with cell wall biosynthesis (Table S3 ). In fact, the majority of the upregulated genes were annotated as being involved in abiotic stress responses ( Table S3 ). Note that the extent of up-regulation of genes as a result of PrR1 over-expression was, overall, much greater than in response to loss of function of PrR1 (Tables S2 and S3 ).
Discussion
Lignin is a phenylpropanoid polymer that serves as one of the major secondary cell wall components. Dimerization of two units of the lignin monomer, coniferyl alcohol, gives rise to pinoresinol, a simple lignan with 9(9 0 )-oxygen linkages. Pinoresinol is then sequentially reduced to lariciresinol and secoisolariciresinol by a bi-functional pinoresinol/lariciresinol reductase (PLR) (Nakatsubo et al., 2008; Umezawa, 2003) . PLR/PrR genes have organ-specific expression patterns. In Arabidopsis, PrR1and PrR2 redundantly catalyze the reduction of pinoresinol in roots. PrR2 is root-specific and PrR1 is expressed highly in both roots and aerial tissues (Nakatsubo et al., 2008) . Pinoresinol levels in aerial tissue increase following loss of function of PrR1, indicating that PrR1 plays a role in lignan biosynthesis in aerial tissue and has not, therefore, undergone complete neofunctionalization, and the observation that overexpression of PrR1 results in over-production of lignans other than lariciresinol indicates that the gene has a more generalized effect on lignan production than previously known. It is also interesting that both this study and a previous one (Ruprecht et al., 2011) show that lignin content is decreased when PrR1 expression is disrupted. In fact, lignin content might be expected to be increased when lignan biosynthesis is compromised, considering the potential for competition between the lignin and lignan pathways. This small reduction in overall lignin quantity, accompanied by altered lignin distribution across the walls of fiber cells, would not be expected to result in gross changes in vascular morphology, unless a critical sub-fraction of the lignin polymer were being affected. It is therefore not clear why a previous report indicated that loss of function of PrR1 results in an increased percentage of distorted xylem vessels in Arabidopsis (Ruprecht et al., 2011) , an observation that we could not replicate under the growth conditions used in the present work.
Although lignans and lignins share the same building blocks, they are assembled differently. For example, lignin linkage formation mostly involves the 4-hydroxyl of monolignols, but the majority of lignan dimers are joined by b-b linkages (Weng and Chapple, 2010) . Lignan dimerization is considered to be an enantioselective radical coupling reaction (Davin et al., 1997) , in contrast to the overall achiral process of lignin polymerization. The different linkage types in lignans and lignins suggest that there may be different oxidase enzymes involved in the respective polymerization steps. Lignans appeared earlier than lignin during evolution of plants, as they can be found in some bryophytes (Scher et al., 2003; Umezawa, 2003) , whereas no solid evidence supports the presence of lignin polymers in bryophytes (Weng and Chapple, 2010) . Coincidently, a phylogenetic analysis of laccases indicated that the lignin-specific laccases appear to be seed-plant specific (Zhao et al., 2013a) .
The occurrence of phenylpropanoid metabolism is considered to be critical in the initial move of the aquatic ancestors of current plants onto land. Even though sporadic literature reports indicate that the biosynthesis of lignin-like compounds can be tracked back to non-vascular plants, the presence of lignin in mosses is still an open question, not to mention aquatic algal species (Weng and Chapple, 2010) . However, moss cell walls contain polysaccharides with very similar composition to those of vascular plants, even though there are only trace amounts of lignin attached (Roberts et al., 2012) . This raises the possibility that, in non-vascular plants, lignans may have been integrated into cell walls before the appearance of lignin, and this may represent an early step towards the evolution of lignification of secondary cell walls. This could explain the co-expression of PrR1 with secondary cell wall biosynthetic genes. Alternatively, association of lignans with cell walls could be viewed as a purely defensive function.
Recently, it has been shown that biosynthesis of lignans and oligolignols can accompany secondary cell wall biosynthesis in both angiosperms and gymnosperms (Huis et al., 2012; Villalobos et al., 2012) . Furthermore, a study using lignan-derived antibodies immunolocalized lignans in the secondary walls in flaxseed (Attoumbre et al., 2010) . Clearly, both quantitative and qualitative differences in lignin deposition are linked to disruption of a critical lignan biosynthetic gene, PrR1. Because Arabidopsis accumulates most lignans in root tissue, the root-specific gene PrR2 is functionally redundant with PrR1 in roots as regards to lignan biosynthesis (Nakatsubo et al., 2008) , and we have here shown that PrR2 coexpresses with two genes potentially involved in casparian strip formation in the root, it will be interesting to investigate whether there are cell wall phenotypes in root tissue when both PrR genes are not functional.
Experimental
Plant growth conditions
Arabidopsis plants were grown in MetroMix 350 soil under 16 h light/8 h dark cycles at 23°C during the day and 21°C during the night 70-80% relative humidity, and 150 lmol m À2 s À1 light intensity.
Plant materials
The prr1-1 mutant SALK_058467 and the prr2-1 mutant SALK_123621 were obtained from the ABRC at Ohio State University (http://abrc.osu.edu/).
Determination of lignin composition
Mature stems from 6 week old plants were harvested for lignin analysis using previously published procedures (Zhao et al., 2013b) .
Metabolite profiling analysis
Fast-frozen shoot samples of two replicates each of the prr1-1 loss-of-function mutant, the PrR1 overexpressor line, and wildtype A. thaliana plants were freeze dried, ground with a microWiley mill, and 46-68 mg (dry weight) of tissue twice extracted with 2.5 mL 80% ethanol overnight and then combined prior to drying a 3 mL aliquot in a nitrogen stream. Sorbitol was added (to achieve 103.45 ng/lL injected) before extraction as an internal standard to correct for differences in extraction efficiency, subsequent differences in derivatization efficiency and changes in sample volume during heating. Dried extracts were dissolved in 500 lL of silylation-grade acetonitrile followed by the addition of 500 lL N-methyl-N-trimethylsilyltrifluoroacetamide (MSTFA) with 1% trimethylchlorosilane (TMCS) (Thermo Scientific, Bellefonte, PA), and samples then heated for 1 h at 70°C to generate trimethylsilyl (TMS) derivatives (Li et al., 2012; Tschaplinski et al., 2013) . After 2 days, 1-lL aliquots were injected into an Agilent Technologies Inc. (Santa Clara, CA) 5975C inert XL gas chromatograph-mass spectrometer, fitted with an Rtx-5MS with Integra-guard (5% diphenyl/95% dimethyl polysiloxane) 30 m Â 250 lm Â 0.25 lm film thickness capillary column. The standard quadrupole GC-MS was operated in the electron impact (70 eV) ionization mode, targeting 6 full-spectrum (50-650 Da) scans per second. Gas (helium) flow was set at 1.0 mL per minute with the injection port configured in the splitless mode. The injection port, MS Source, and MS Quad temperatures were set to 250°C, 230°C, and 150°C, respectively. The initial oven temperature was held at 50°C for 2 min and was programmed to increase at 20°C per min to 325°C and held for another 11 min, before cycling back to the initial conditions. A total of 170 metabolite peaks were extracted using a key selected ion, characteristic m/z fragment, rather than the total ion chromatogram, to minimize integrating co-eluting metabolites. The extracted peaks of known metabolites were scaled back up to the total ion current using predetermined scaling factors. Peaks were quantified by area integration and the concentrations were normalized to the quantity of the internal standard (sorbitol) recovered, amount of sample extracted, derivatized, and injected. A large user-created database (>1900 spectra) of mass spectral electron impact ionization (EI) fragmentation patterns of TMS-derivatized compounds, as well as the Wiley Registry 8th Edition combined with NIST 05 mass spectral database, were used to identify the metabolites of interest to be quantified. Student's t-tests were used to test for significant differences (P 6 0.05) between the mutant lines and the wild-type controls.
Transfection of leaf protoplasts for transactivation analysis
Leaves from 4 week-old greenhouse-grown Arabidopsis were used as a source of protoplasts. One reporter construct (promoter-luciferase) and one effector construct (35S: transcription factor) were co-transfected into protoplasts as described (Zhao et al., 2010b) . A reference construct containing the Renilla luciferase gene driven by the 35S promoter was also co-transfected to determine the transfection efficiency. Luciferase activities were determined using the dual-luciferase reporter assay system (Promega, Madison, WI). The firefly luciferase activity was calculated by normalizing against the Renilla luciferase activity in each transfection event. Data are presented as averages ± SE of three biological replicates.
Sample preparation for microscopy
Wild-type and mutant plants were grown in the greenhouse. The second internodes were used for microscopic analysis. The stem was hand cut into approximately 50 lm thickness slices. All samples were washed with distilled water several times and imaged in water.
SRS microscopy
The two-color Stimulated Raman Scattering (SRS) imaging microscope using a mode-locked Nd:YVO 4 laser (High Q Laser, Austria) was used to generate a 7 ps, 76 MHz pulse train of both 1064 nm (1 W average power) and 532 nm (5 W average power) laser beams. The 1064 nm output was used as the Stokes light. The 532 nm beam was 50/50 split to pump two optical parametric oscillators (OPO) (Levante Emerald, AÁPÁE Angewandte Physik und Elektronik GmbH, Berlin). The output wavelengths of the OPOs were selected at 812 and 909 nm to use as pump beams to induce the Stimulated Raman signal for the 2900 cm À1 carbohydrate C-H vibration and the 1600 cm À1 lignin aromatic ring vibration, respectively. All pump and Stokes beams were directed into an Olympus laser scanning microscope scanning unit (BX62WI/FV300, Olympus) and focused by a high numerical aperture water-immersion objective (UPLSApo 60X 1.20 NA W, Olympus). The light transmitted through the sample was collected by an oil-immersion condenser (1.45 NA O, Nikon). The stimulated Raman loss signals were detected by silicon PIN photodiodes (FDS1010, Thorlabs) and a lock-in amplifier (SR844, Stanford Research Systems) as previously described (Ding et al., 2012) .
Image analysis
Intensity analysis for specific types of cell wall was performed in MATLAB (MATLAB R2012b) with user-written scripts. Multiple regions containing no cell wall components were manually selected across the image of interest, which were used to determine the background intensity. The mean background intensity plus three times background intensity standard deviation was used as a threshold. The program then selected pixels with intensity value above the threshold for statistical analysis. For each type of plant sample, 5 images containing $50 cells were selected for intensity analysis. Lignin (1600 cm
À1
) and carbohydrate (2900 cm À1) signals in each pixel were plotted, respectively, as intensity histograms and normalized by total intensity for better comparison.
Lignin isolation and NMR analysis
The lignin samples for NMR spectroscopy analysis were prepared according to a slightly modified cellulolytic enzyme lignin isolation procedure as previously described (Chang et al., 1975; Holtman et al., 2004) . In brief, the Arabidopsis samples from prr1 knout-out and WT lines were extracted with toluene/ethanol (2:1, v/v) for 24 h. The extractive-free cell walls were ball-milled using a planetary ball mill (Retsch PM 100) in a 50 mL ZrO 2 vessel at 600 rpm with 10 min break after every 5 min of milling. The ball-milled powder samples were then subjected to enzyme treatment in acetic acid/ ammonium acetate buffer (pH 4.8) with cellulase and b-glucosidase for 2 Â 48 h at 50°C under continuous agitation at 200 rpm. The residue was isolated by centrifugation, washed with deionized water, and freeze dried. The enzyme-treated residue was extracted with dioxane-water (96:4 v/v) for 24 h Â 2. The mixtures were centrifuged and the supernatant was collected, roto-evaporated at 40°C under reduced pressure, and freeze-dried.
NMR spectra were acquired using a Bruker Avance-III 400 MHz spectrometer operating at a frequency of 100.59 MHz for 13 C nucleus. Deuterated dimethyl sulfoxide (DMSO) was used as solvent for lignin samples. The 13 C-1 H HSQC correlation spectra were recorded using a Bruker standard pulse sequence ('hsqcetgpsi2') with the following acquisition parameters: 10-ppm spectra width in F2 ( 1 H) dimension with 2048 data points (256 ms acquisition time), 210-ppm spectra width in F1 ( 13 C) dimension with 320 data points (7.6 ms acquisition time), a 1.0-s pulse delay, and a 1 J CH of 145 Hz (Moinuddin et al., 2010; Pu et al., 2009 ). The number of scans were 256 for the WT and 350 for the PrR mutant. The central solvent peak (d C 39.5 ppm; d H 2.5 ppm) was used for chemical shift calibration. NMR data were processed using the TopSpin 2.1 (Bruker BioSpin) and MestreNova (Mestre Labs) software packages.
DNA microarray analysis
Total RNA was isolated from mature inflorescences of 6-weekold plants with Tri-reagent using the manufacturer's protocol (Invitrogen, http://www.invitrogen.com). RNA was cleaned and concentrated using the RNeasy MinElute Cleanup Kit (Qiagen, http://www.qiagen.com), and 500 ng of purified RNA used for microarray analysis of three biological replicates of prr1 mutant and control plants. Probe labeling, hybridization and scanning were conducted according to the manufacturer's instructions (Affymetrix, http://www.affymetrix.com). Data normalization used robust multi-chip average (RMA) and the presence/absence call for each probe set was obtained from dCHIP (Li and Wong, 2001) . Genes with significantly different expression levels between the wild-type control and mutants were selected using associative analysis (Dozmorov and Centola, 2003) , and the type-I family-wise error rate was reduced by using a Bonferroni-corrected P-value threshold of 0.05/N, where N represents the number of genes present on the chip. The false discovery rate was monitored and controlled by Q value (false discovery rate), calculated using Extraction of Differential Gene Expression (Leek et al., 2006) .
